Introduction
============

The remarkable outbreak of nanotechnologies - and among these of nanobiotechnologies - has been allowed by the invention, development, continuous improvement of different techniques and instrumentations for the imaging of materials and systems at the nanoscale. Among such techniques, atomic force microscopy (AFM) represents a well established technique for the imaging of a wide range of samples as it requires minimal sample preparation and allows one to image the samples in air, liquid environment, or vacuum. In AFM, the sample is imaged by scanning it using a sharp tip placed at the end of a micromachined cantilever, the deflection of which is monitored through an optical lever system. The sample morphology can be reconstructed by recording the cantilever deflection during the scanning (contact mode) and in this case the

interaction between the tip and the sample surface is continuous during the scanning. In order to reduce the tip-sample interaction time and thus the possibility of damaging the sample and contaminating the tip, which are serious limitations when imaging soft samples like polymers or biological materials, the sample morphology can be reconstructed also by monitoring the oscillation amplitude of the cantilever set into vibration. In this second case, the tip-sample interaction is limited to a fraction of the period of oscillation of the cantilever (intermittent contact or tapping mode). The unique possibility of 'touching' instead that 'seeing' the surface offered by AFM has stimulated the development of a wide number of techniques for the characterization of different functional properties beyond the topographical reconstruction. Indeed, force spectroscopy, qualitative imaging, and quantitative mapping can be performed to characterize mechanical,[@R1]^-^[@R3] electric,[@R4]^-^[@R9] electromechanical,[@R10]^-^[@R13] magnetic,[@R14] chemical,[@R15]^-^[@R17] thermal[@R18]^-^[@R21] properties surfaces and materials with nanometrical lateral resolution. Among these techniques, magnetic force microscopy (MFM) has been proposed for the imaging of magnetic domains at the nanoscale.[@R22]^-^[@R24] Although the use of MFM for the qualitative magnetic characterization and manipulation of inorganic materials has been widely explored,[@R25] only recently efforts have been targeted to the extraction of quantitative information from MFM images, also due to the difficulties in developing suitable theoretical models. Moreover, notwithstanding the increasing use of magnetic nanomaterials, e.g., magnetic nanoparticles (MNPs), in biological systems, the potentiality of MFM for biological and biomedical applications has been only marginally explored. In this work, principles of MFM are briefly illustrated and some applications in biology and biomaterials are reviewed. Then, three case studies (single magnetoferritin

molecules, MNPs loaded niosomes, and in vitro cell labeling with functionalized core shell MNPs) are discussed using both a qualitative and a quantitative approach. The presented case studies have been chosen for different reasons which deal with: (i) their diffusion and establishment in the scientific community; (ii) the characteristic lengths of the involved biological systems; (iii) the location of the MNPs. As for the diffusion and establishment in the scientific community, the proposed case studies illustrate uses of MFM either relatively well established MFM (imaging of ferritin), at the beginning of their exploration (imaging of MNPs-cells systems), or never proposed (imaging MNPs inside vesicles). As for the involved characteristic lengths, the proposed case studies represent biological systems with three different characteristic length, i.e., some nanometers (magnetoferritin molecules), a few hundreds of nanometers (niosomes), and some microns (cells). Finally, as for the location of MNPs, the proposed case studies analyze different locations of the MNPs in the systems, i.e., inside the systems and not directly accessible(nanometrical MNPs localized in the core of molecules as well as some tens of nanometers MNPs into vesicles), or on their surface as in the case of cells.

Magnetic force microscopy
=========================

Different experimental configurations of MFM setups have been proposed which differ for the scanning mode used for the topographical reconstruction (either contact or tapping mode) and for the signal monitored for the magnetic imaging of the sample (either the cantilever static deflection or frequency/phase shift, the latter in the resonant MFM). For the sake of simplicity, in the following only the resonant MFM is described as it is approach used in this work and the most widespread technique used for AFM based magnetic imaging due to its unique sensitivity and to the reduced risk of damaging the magnetic coating of the tips. Also, since it requires the use of tapping mode, it is the most suitable technique for the characterization of biological soft samples. In MFM the sample surface is investigated using a standard Si tip coated with a few tens of nanometers thick magnetic layer. In the first step, the morphology of the sample is reconstructed as in standard AFM tapping mode. After the profile of each line is acquired, it is used to perform a second scan of the surface at fixed tip-sample distance (lift mode), also referred to as the lift height Δ*z*, as sketched in [Figure 1](#F1){ref-type="fig"}. At such values of Δ*z*, only the long range tip-sample interaction forces (*i.e.*, electrostatic and magnetic) affect the cantilever motion. In the second step, the cantilever is set into oscillation at (or near) its first free resonance frequency *f*~0~. Due to its magnetic coating, in presence of magnetized samples the tip experiences a force, the component of which normal to the surface is *F~z~* having assumed the *z* axis normal to the sample surface. Such a force produces a variation in the amplitude *A*and a shift in the phase *φ*of the oscillation of the cantilever as well as in its first resonance frequency *f*~0~ given by[@R26]

![**Figure 1.** Schematic representation of the experimental setup and working principle of MFM.](biom-4-e29507-g1){#F1}

$\Delta A = \frac{A_{0}Q_{c}}{2k_{c}^{2}}\left( \frac{\partial F_{z}}{\partial z} \right)^{2}$ (1)

$\Delta\varphi = \frac{Q_{c}}{k_{c}}\frac{\partial F_{z}}{\partial z}$ (2)

$\Delta f_{0} = - \frac{f_{0}}{2k_{c}}\frac{\partial F_{z}}{\partial z}$ (3)

where *k*~c~ and *Q*~c~ are the cantilever spring constant and the quality factor of the cantilever first resonance in air and *A*~0~ is the amplitude at the resonance frequency *f*~0~ in air and without external forces. In MFM common setups, the magnetic images are obtained in lift mode by recording the values of Δφ and/or Δ*f*~0~.

A short review of applications
==============================

Since its first description,[@R22]^-^[@R24] due to the unique combination of its high resolution imaging capability at the nanoscale and its high sensitivity to localized magnetic fields with nanometrical spatial resolution, MFM has been successfully employed in the study of the micro- and nano-magnetic properties of a wide range of materials. As natural applications, MFM has been widely used in the study of magnetic recording media,[@R27]^,^[@R28] superconductors, and MNPs.[@R29]^,^[@R30] Limiting the discussion to the materials of interest in this paper, recently standard floppy disks have been used in the demonstration of a MFM based method for the indirect measurement of the thickness of soft organic and biological thin films which requires the use of substrates with periodic magnetic domains.[@R31] MFM found wide application in the study of purely organic or hybrid organic/inorganic materials with magnetic properties, from single molecules[@R32]^,^[@R33] to films[@R34]^-^[@R36] or, more recently, MNPs encapsulated magnetic nanohydrogels.[@R37] Also, MFM has been used to study Fe~3~O~4~ NPs assembled into magnetic nanowires using DNA molecules as molecular scaffolds.[@R38]

Hsieh et al.[@R39] have recently used MFM to visualize ferritin molecules, to detect their iron oxide core and to quantitatively evaluate the corresponding magnetic moment. Martinez et al.[@R40] employed MFM to confirm the magnetic properties of iron oxide core of patterned ferritin molecules after reducing its size from 8 to 2 nm by O~2~ plasma etching. Dietz et al.[@R41] used a bimodal AFM technique sensitive to mechanical and magnetic tip-sample interactions to distinguish and identify single apoferritin and ferritin molecules both in air and in liquid. Finally, AFM tips were functionalized by attaching on their apex a single ferritin molecule thus realizing probes sensitive to magnetic forces as well as to biomolecular interactions with DNA on surfaces.[@R42] MFM has been used to study biogenic magnetite nanoparticles (magnetosomes) extracted from or directly in magnetotactic bacteria.[@R43]^-^[@R48] More interestingly, micrometer sized clusters of biogenic magnetic nanomaterials have been detected in human hippocampus using MFM.[@R49]^,^[@R50] In this field, from our point of view AFM/MFM represents a powerful technique to be included in the set of microscopy based approaches (which include also electron or synchrotron X-rays microscopy) for the micro- and nano-scale mapping of nanomaterials in biological samples and animal and human tissues in order to back studies on neurodegenerative disease and other age related pathologies[@R51]^-^[@R53] as well as in nanotoxicology researches.[@R54]^,^[@R55]

MFM can be used to detect biomolecules by labeling them with magnetic nanomaterials conjugated to specific antigens, and therefore used as magnetic markers. Amemiya et al.[@R56] used MFM for the detection of streptavidin on glass surfaces using magnetosomes conjugated with biotin, observing a sensitivity of MFM 100 times higher than that of conventional fluorescent detection systems. Moskalenko et al.[@R57] have recently reported the use of MFM to investigate the spatial distribution of endothelin receptors on the surface

of biotinylated smooth muscle cells from Wistar rats by detecting anti-biotin coated microbeads.

Finally, MFM represents a promising technique to study the cellular uptake of MNPs, which requires minimal sample preparation and thus can be a powerful alternative to transmission electron microscopy (TEM). Pioneering studies in this sense have been focused on the study of the interaction between MNPs and cancer cells. Shen et al.[@R58] used MFM to analyze the uptake of antisense oligonucleotides coupled silica coated iron oxide MNPs into human leukemia cells and to study the consequent induced apoptosis. Zhang et

al.[@R59] mapped the uptake of MNPs into human breast carcinoma epithelial cells, stressing how the quantification from MFM images of statistics of aggregation size and depth under the cell membrane is still a challenge which requires the development of suitable models to simulate the MFM response and accurate experimental studies. Following this outlined direction, Wang et al.[@R60] have recently reported the MFM study of several human cancer cell lines labeled with iron oxide MNPs, where MFM images were analyzed using a simplified mathematical model to evaluate the iron content in single cells which was found in fairly good agreement with quantitative colorimetric iron assay results.

Results and Discussion
======================

Magnetoferritin molecules
-------------------------

As a first example of application, MFM was used to verify the production of magnetoferritin from apoferritin. Ferritin from *Pyrococcus furiosus* was used as spherical protein to stabilize magnetic iron nanoparticles. Ferritin represents a noteworthy class of proteins the primarily function of which is to sequester iron as ferrihydrite. All ferritins consist of 24 subunits which self-assemble in a cage-like structure with a well defined inner and outer diameter of 8 nm and 12 nm, respectively.[@R61] These proteins occur in a wide variety of organisms, from prokaryotes to mammals. In particular, the ferritin from the Archeon, hyperthermophilic, and anaerobe *P. furiosus* is characterized by high thermal stability which enables easy purification and wider application conditions.[@R62]^,^[@R63] The ferritin cage is an optimal environment to grow NPs with controlled dimensions.[@R64]^,^[@R65] However, it is first necessary to remove the Fe originally contained by reducing the metallic core in an anaerobic environment, followed by chelation of the free, reduced Fe with an appropriate ligand, and by extensive dialysis. AFM and MFM have been used to verify the effectiveness of such a process.

AFM topographical images have been used to analyze shape and dimension of the magnetoferritin molecules. As an example, in [Figure 2A](#F2){ref-type="fig"} the topography of an area with size 3x3 μm^2^ is reported where magnetoferritin molecules (the circular features which appear brighter, *i.e.*, which are higher, than the substrate) are clearly visible. To analyze their dimension, the height of different molecules (corresponding to the molecule diameter) observed on randomly selected areas have been measured, the obtained statistics being reported in [Figure 2B](#F2){ref-type="fig"} from which the diameter of magnetoferritin molecules can be evaluated as 11 ± 3 nm. It should be noted that the presence of residuals of the buffer on the substrate prevents one from more accurately evaluating the molecules height. As a result, the bare analysis of the molecules height obtained with standard AFM topographical reconstruction does not allow us to definitely distinguish between magnetoferritin and apoferritin, the diameters of which have been reported as high as 10 nm and 12 nm, respectively.[@R66]

![**Figure 2.** (**A**) Typical AFM topographic reconstruction of magnetoferritin molecules on Si substrate. (**B**) Statistics of the distribution of the molecules diameter obtained from images of different areas of the sample.](biom-4-e29507-g2){#F2}

An example of AFM/MFM characterization of magnetoferritin molecules on a selected area is reported in [Figure 3](#F3){ref-type="fig"}, which has been performed by acquiring the topography ([Fig. 3A](#F3){ref-type="fig"}) and the standard phase image ([Fig. 3B](#F3){ref-type="fig"}) during the first pass in tapping mode and the MFM phase image in the second pass ([Fig. 3C](#F3){ref-type="fig"}). A detail of the area (800 × 800 nm^2^), where four magnetoferritin molecules are visible, is reported in [Figure 3D](#F3){ref-type="fig"} (topography), 3e (standard phase image), and 3f (MFM phase image). The characterization of the same area has been repeated several times with different values of lift height Δ*z* in the range 15--100 nm. In particular, [Figure 3A](#F3){ref-type="fig"} shows the topography of an area with size 2 × 2 μm^2^ where magnetoferritin molecules are visible, the lateral dimensions of which appear wider than their real ones are due to the convolution effect with the tip shape. Indeed, from [Figure 3A](#F3){ref-type="fig"} the curvature radius of the coated tip (namely, *R*~ct~ where *R*~ct~ = *R*~t~+*c* being *R*~t~ the radius of the uncoated AFM tip and *c* the thickness of the magnetic coating) can be estimated in the range 110--280 nm, significantly higher than that reported by the producer for a new tip. In order to confirm such values, scanning electron microscopy (SEM) coupled with energy dispersive X-ray (EDX) spectroscopy and mapping has been used to image the tips we used, revealing values of *R*~ct~ as high as a few hundreds of nanometers. Simultaneously to the topographical reconstruction, the standard phase image is acquired which is reported in [Figure 3B](#F3){ref-type="fig"}. Despite showing a relevant contrast in correspondence of the magnetoferritin molecules (about 10 deg), phase images do not allow one to definitely distinguish between the molecules and the substrate. Indeed, in tapping mode where cantilever oscillation amplitude is maintained constant by the AFM feedback loop, such a contrast reflects variations in the energy dissipation during a cycle of tapping.[@R67]^,^[@R68] Therefore, the contrast in [Figure 3B](#F3){ref-type="fig"} may suggest the presence on the substrate around the molecules of residuals of apoferritin. Conversely, a clear contrast in correspondence of the magnetoferritin molecules is observed in the MFM phase image obtained with Δ*z* = 15 nm, which is reported in [Figure 3C](#F3){ref-type="fig"}, which unambiguously demonstrates the presence of magnetic material in the core of the molecules. Therefore, MFM phase images confirm presence of a magnetic core in the molecules, and thus the production of magnetoferritin from apoferritin.

![**Figure 3.** AFM standard tapping mode topographical reconstruction of and area of the magnetoferritin sample (**A**) with the corresponding tapping mode phase image (**B**) and MFM phase image (**C**). A detail of four magnetoferritin molecules showing the topography (**D**), the tapping mode phase image (**E**) and the MFM phase image (**F**).](biom-4-e29507-g3){#F3}

In order to quantitatively analyze MFM measurements, for each magnetoferritin molecule the maximum value of the MFM phase shift was evaluated by selecting a small area in correspondence of the top of the molecule (as illustrated in [Fig. 4A](#F4){ref-type="fig"}, where the square corresponding to the selected area is actually enlarged for the sake of clearness) and determining the mean value and the standard deviation of the MFM phase shift from the Gaussian fit of the obtained histogram, as exemplified in [Figure 4B](#F4){ref-type="fig"}. Such a procedure has been repeated for each magnetoferritin molecule and for each value of lift height Δ*z*. For each magnetoferritin molecule, the MFM phase shift has been plotted as a function of Δ*z*, as illustrated in [Figure 4C](#F4){ref-type="fig"}. In accordance with a relatively well established approach,[@R29]^,^[@R42] MFM phase shift data can be analyzed by describing both the tip and MNPs as magnetic dipoles. In particular, as far as the MNPs are regarded, such an assumption is reasonable in consideration of their negligible dimensions with respect to the decay length of the magnetic field along *z*axis. In such an approximation, the MFM phase shift is the gradient of the magnetic interaction force between to magnetic dipoles the moments of which are aligned along the same *z*axis and is given by the equation

![**Figure 4.** Example of the quantitative analysis of MFM images of magnetoferritin. In a MFM image (**A**), the phase values corresponding to the center of a molecule are analyzed to obtain the MFM phase shift (**B**). For each molecule, the value of the MFM phase shift is plotted as a function of the lift height (**C**): the experimental data (symbols) are fitted using the model in Eq. (5) (solid line).](biom-4-e29507-g4){#F4}

$\Delta\varphi = \frac{\mu_{0}}{4\pi}\frac{12\pi Q_{c}}{k_{c}}m_{s}m_{ct}\frac{180}{\pi}\frac{1}{\left( {\Delta z + h_{ts}} \right)^{5}}$ (4)

where: μ~0~ is the vacuum magnetic permeability; *k*~c~ and *Q*~c~ are the spring constant and the quality factor of the cantilever, respectively; *m*~s~ and *m*~ct~ are the magnetic moments of the nanoparticle and the coated tip, respectively; Δ*z*+*h*~ts~ is the distance between the magnetic centers of the tip and the sample during the second pass. As an example, if both the sample and the tip can be modeled as spheres, *h~ts~ = d/2+s+R~ct~+δ* where *d* and *s* are the diameter of the magnetic core and the thickness of the nonmagnetic shell of magnetoferritin molecule, respectively, and δ is amplitude of the cantilever oscillation in the first pass.[@R29] As for *m*~ct~, it can be approximated as*$m_{ct} = \frac{4}{3}\pi\left( {R_{ct}^{3} - R_{t}^{3}} \right)M_{c}$*, where *M*~c~ is the saturation magnetization of the magnetic coating of the tip.[@R29] For the sake of simplicity, Eq. (4) can be rewritten as

$\Delta\varphi = \frac{A}{\left( {\Delta z + h_{ts}} \right)^{5}}$ (5)

Having introduced the parameter *A* defined as

$A = \frac{\mu_{0}}{4\pi}\frac{12\pi Q_{c}}{k_{c}}m_{s}m_{ct}\frac{180}{\pi}$ (6)

For each magnetoferritin molecule, experimental Δφ vs. Δ*z* data have been analyzed using Eq. (5), as exemplified in [Figure 4](#F4){ref-type="fig"} (solid line), thus obtaining the best fitting values of *h*~ts~ and *A*. As for the former, *h*~ts~ = 210 ± 15 nm is obtained, which is coherent with the values of *R*~ct~ observed with blind reconstruction and SEM analysis. As for the latter, *A* = (4 ± 1) x 10^−35^ m[@R5]deg is calculated. For comparison, an approximated theoretical value of *A* can be roughly calculated from Eq. (6) as follows. *Q*~c~/*k*~c~ ≈100 can be assumed. Being *m*~ct~ ≈10^−16^ Am[@R2] reported by the producer for a brand new tip (*R*~ct~ = 35 nm and *c* = 25 nm are reasonable values), assuming the same value of *c* and the measured values of *R*~ct~, its actual value can be estimated as 100 x 10^−16^ Am[@R2], which is the case of our tips. If the theoretical value for maghemite is assumed for *m*~s~,[@R66] the approximated value of *A* ≈1 x 10^−35^ m[@R5]deg is obtained, in good agreement with our experimental data. We would explicitly note that the overestimation of *A*is expected as nonmagnetic (e.g, electrostatic) effects give a not negligible contribution to the MFM signal roughly as high as 40% of the total MFM signal which with the present experimental setup we are not able to reduce, as detailed in Materials and Methods section.[@R69]^-^[@R71] It is worth mentioning that, if the experimental values of *m*~s~ observed for magnetoferritin are assumed,[@R66] *A* ≈6 x 10^−37^ m[@R5]deg is calculated which is significantly lower than the value we experimentally determined. Really, the main contribution to the uncertainty in MFM quantitative analysis results from that in the magnetic properties of the tip. Therefore, although in recent years MFM has been used to quantitatively study the magnetic properties of ferritin and nanometer sized MNPs,[@R29]^,^[@R39]^,^[@R41]^,^[@R42] in order to definitely assess the magnetic properties of magnetoferritin and other molecules at the nanoscale the value of *m*~ct~ should be calibrated using a reference sample. Recently, an approach has been proposed in which such a calibration is performed for a fixed value of Δ*z* using MNPs with traceably determined magnetization dispersed on a Si surface as a MFM reference sample.[@R30] Following the approach illustrated in this work, using a suitable MFM reference sample to experimentally determine the parameters *A* and *h*~ts~ would result in the calibration of *m*~ct~ -- relatively independently of the used values of lift height -- and thus in the capability of MFM of quantitatively measuring the magnetic momentum of single MNPs with nanometrical lateral resolution. As a final consideration, we would notice that the measurements on magnetoferritin can be used to retrieve information on the sensitivity of our technique. Indeed, with the present experimental setup and with the used tips, due to the noise in correspondence of nonmagnetic substrate we can hardly detect MFM phase shifts smaller than 30 mdeg. Therefore, MNPs with diameter of a few nanometers like the core of magnetoferritin molecules can detected up to a tip-sample distance of 100 nm while at larger lift heights these MNPs are hardly detectable. Apparently, such a request on the limit in the lift height is easy to satisfy as in MFM characterizations the investigated MNPs are generally deposited on the surface of flat nonmagnetic substrates. Nevertheless, such a limit implies that a few nanometers thick MNPs buried under the surface of samples cannot be visualized unless they are located close to the interface. Thus, it represents a severe limitation to be overcome in order to the use MFM for the subsurface imaging of buried MNPs, e.g., in the case of MNPs internalized in cells.

Magnetic nanoparticles in vesicles
----------------------------------

Vesicular systems - and among them niosomes, which are non-ionic surfactant vesicles - have attracted constantly increasing attention for drug delivery applications.[@R72]^,^[@R73] In particular, different configurations have been engineered where vesicles are coupled with magnetic nanomaterials (e.g., Fe based nanoshells or MNPs) to be employed as magnetically guided nanocarries.[@R74]^,^[@R75] To this aim, referring to the inclusion of Fe based MNPs in niosomes, the Fe entrapment efficiency (e.e.) represents a critical parameter in terms of both the overall Fe content and the uniformity of Fe content in different vesicles of the sample. While the overall Fe content can be determined through different techniques such as inductively coupled plasma mass spectrometry (ICP-MS), microscopy based approaches are required in order to examine the number and the diameter of MNPs into each vesicle and the uniformity of these data in different vesicles of the same batch. Transmission electron microscopy (TEM) can be effectively used to visualized the MNPs inside the vesicles although the sample preparation is not straightforward. Standard AFM enables one to directly visualize the niosomes without any specific sample preparation but the bare deposition on a flat substrate, although their inner remains inaccessible. Conversely, the sensitivity of MFM to MNPs makes it a promising technique which combines the capability of visualizing internalized MNPs and the simple specimen preparation. In this section, this is demonstrated through a AFM/MFM survey of MNPs loaded niosomes: qualitative magnetic imaging of MNPs loaded niosomes is reported and a quantitative approach is illustrated to deduce the diameter of the MNP inside the vesicles. Analyzed vesicular systems were prepared by Tween 20 (Tw20)/Cholesterol mixture and loaded by hydrophilic magnetite nanoparticles.

The size data reported in [Table 1](#T1){ref-type="table"} show that there is not a significant increase of vesicular dimensions after entrapment of MNPs. This is probably related to the preferential partition of hydrophilic MNPs inside vesicular aqueous core. MNPs loaded Tw20 vesicles show a decrease in ζ-potential values; the MNPs could be placed not only in the aqueous core but also on the vesicle surface, inside the PEG coating, eliciting a variation in ζ-potential values with respect to empty vesicles. Dynamic light scattering (DLS) provides also valuable information on the homogeneity of the suspension by the analysis of the PDI values, which in both samples are characteristic of a single population of scattering particles. The e.e. data confirm the presence of MNPs inside vesicular structure and show a good capability of niosomal vesicle to entrap MNPs. To better evaluate the influence of MNPs entrapment on vesicle bilayer, fluorescence analyses were performed in order to evaluate bilayer polarity and microviscosity ([Table 1](#T1){ref-type="table"}). The MNPs encapsulation maintains the *I~E~/I~M~* and *I~1~/I~3~* values rather constant in the case of Tw20 vesicles-MNPs and Tw20 empty vesicles. This could be related to a non-insertion of hydrophilic MNPs in vesicular bilayer and to a non perturbation of polarity and microviscosity of the bilayer in comparison to empty vesicles.

###### **Table 1.** Experimental values of the hydrodynamic diameter (*D*~h~), ζ-potential, polydispersity index (PDI), Fe entrapment efficiency (e.e.), microviscosity and polarity for the empty and MNPs loaded vesicles

  Sample                 *D*~h~ (nm)   ζ-potential (mV)   PDI     e.e. (%)   *I*~E~/*I*~M~ microviscosity   *I*~1~/*I*~3~ polarity
  ---------------------- ------------- ------------------ ------- ---------- ------------------------------ ------------------------
  Empty vesicles         197.0 ± 5.1   *−*13.7 ± 0.8      0.304   \-         0.420                          1.120
  MNPs loaded vesicles   211.2 ± 5.5   *−*26.2 ± 0.4      0.371   53 ± 2     0.438                          1.180

Before analyzing the sample of MNPs loaded vesicles, a preliminary AFM/MFM characterization have been performed on isolated MNPs agglomerates deposited on a Si substrate. MNPs agglomerates with different diameter *d*~NP~ have been imaged at different lift height values Δ*z* (images not shown), thus obtaining a Δφ vs. Δ*z* curve for each MNP cluster. As an example, the experimental curves relative to three agglomerates with diameters 76 nm, 87 nm and 185 nm are reported in [Figure 5](#F5){ref-type="fig"}. It is worth observing that such curves can be hardly rationalized using the model in Eq. (4). Recently, a more realistic model has been proposed, which includes not only the spherical apex but also the effect of the magnetic material on the tip cone [@R76] which nevertheless does not seem to describe adequately our results. Therefore, we performed SEM characterizations coupled with elemental analysis by EDX of several either new or used MFM tips from different batches. Although different typologies were observed, far more frequently we found that used tips had flattened tips with damaged coatings in correspondence of the apex, the damaged area having dimensions of some hundreds of nanometers, in good agreement with AFM blind reconstruction of the tip. Therefore, we describe the tip as a ring magnetized along the *z*direction with internal radius *R~i~* , height *h*~r~ and finite thickness that we assume equal to the thickness of the coating *c*. The height of the remaining uncoated apex is *h*~un~ ([Fig. 5B](#F5){ref-type="fig"}. To calculate the MFM response, let us consider a magnetic dipole with moment *m*~d~ aligned along the *z*axis and placed at a distance *R*from the latter ([Fig. 5C](#F5){ref-type="fig"}. This produces a magnetic field, the vertical component of which (*B~z~*) in a point of the *z*axis at distance *r*from the dipole is given by

![**Figure 5.** (**A**) MFM phase shift as a function of lift height for three different agglomerates of the MNPs used to load niosomes. Experimental values of MFM phase shift in correspondence of MNPs agglomerates with different *d*~NP~ (symbols) have been fitted using the model in [Eq. (11)](#E11){ref-type="disp-formula"} (solid lines). (**B**) Proposed model for the tip described as magnetized ring while the MNP is assumed as a cube. (**C**) Sketch of the out of axis magnetic dipole producing a magnetic field on the *z* axis.](biom-4-e29507-g5){#F5}
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Let us suppose that each MNP is constituted of a single magnetic domain and thus with its magnetization reaches the saturation value *M*~sat~. For the sake of simplicity, let us assume that the MNP is a cube with side dimension *d*~NP~ small with respect to *R*~i~ so that the magnetic field can be approximated with its value along the axis. The gradient of the force acting on a MNP with volume *V*~NP~ is
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As the MFM phase shift is proportional to the gradient of the force acting on the tip F~t~^'^ = -F~NP~^'^, we obtain
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Assuming the thickness *h*~r~ negligible, we can calculate F~t~^'^due to the whole ring as
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Finally, the MFM phase shift is given by
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being$A = \frac{Q_{c}}{k_{c}}M_{sat}M_{c}h_{r}\frac{\mu_{0}}{2}$. Contrary to Eq. (5), [Eq. (11)](#E11){ref-type="disp-formula"} satisfactorily accounts for the dependence of *Δφ*on Δ*z*(solid lines in [Fig. 5A](#F5){ref-type="fig"}. As for the parameters retrieved from the fitting, neglecting *h*~un~ for the sake of simplicity the value of *R*~i~ = 4500 ± 200 nm seems overestimated even if both SEM imaging and AFM tip blind reconstruction indicate a tip radius of some hundreds of nanometers, much bigger than the values reported by the vendor for new tips. Therefore, the calculated value of *R*~i~ should be regarded as an 'effective' one. As for the parameter *A*it is found to be almost constant at least for the two smaller agglomerates of 76 and 87 nm. In particular, *A* = 1110 ± 20 deg is obtained for 76 nm and 87 nm, while for the bigger agglomerate we obtained *A* = 220 deg. This incongruence can be rationalized considering that for big agglomerates the assumption of a cubic MNP with magnetic field uniform and equal to its value on the axis leads to the overestimation of the interaction force, resulting in the underestimation of the parameter *A*. A second effect to be considered, due to the absence of the external magnetic field the magnetization of the MNPs is produced by the field of the tip. As discussed in Materials and Methods, this may lead to the magnetization of only a portion of bigger agglomerates and therefore to a reduced 'apparent' magnetization of the sample (roughly from our data only one fifth of the agglomerate is effectively magnetized) and thus, again, to the underestimation of *A*. Therefore, the results reported in [Figure 5A](#F5){ref-type="fig"} represent a further (indirect) confirmation that the tip is not capable of magnetizing big agglomerates. Nonetheless, despite such limitation and being still too approximated, the proposed model describes our experimental results better than that represented by Eq. (5). Also, our results indicate that such MNPs can be detected in a nonmagnetic matrix down to a depth of about 2 *µ*m. Having a diameter of about 200 nm, niosomes represent an ideal sample to demonstrate the capability of MFM of detecting MNPs under the surface of soft materials.

First, empty niosomes were characterized by AFM/MFM ([Fig. 6](#F6){ref-type="fig"}). AFM topographical reconstruction ([Fig. 6A](#F6){ref-type="fig"}) shows either isolated circular vesicles or groups of elliptical ones, where the not symmetric shape is probably due to the coalescence of two niosomes. Isolated vesicles have a height ranging from 100 to 150 nm ([Fig. 6B](#F6){ref-type="fig"}), lower than the diameter measured with DLS as a result of their flattening on the substrate. The corresponding MFM phase image ([Fig. 6C](#F6){ref-type="fig"}) shows a small, but appreciable above the experimental noise, phase shift (approximately 0.1 deg), the origin of which at present is not completely rationalized but seems to indicate an electrostatic repulsive interaction between the tip and the vesicle surface. The AFM topographical characterization of MNPs loaded niosomes does not highlight differences with the empty ones ([Fig. 7A](#F7){ref-type="fig"}), while the MFM phase image shows a significant negative contrast in correspondence of the niosomes ([Fig. 7B](#F7){ref-type="fig"}). The top view ([Fig. 7C](#F7){ref-type="fig"}) and the three dimensional rendering ([Fig. 7D](#F7){ref-type="fig"}) of an isolated circular vesicle confirm the almost circular shape and the height of 160 nm, so that the bare morphological AFM reconstruction does not allow one to distinguish between empty and MNPs loaded vesicles. Conversely, the MFM phase image ([Fig. 7E](#F7){ref-type="fig"}) clearly indicates the presence of a magnetic core inside the vesicle. Indeed, as illustrated by the section in [Figure 7F](#F7){ref-type="fig"} the phase shift (about 0.7 deg) is well above the noise level of the image. From such a value of phase shift, the diameter *d*~NP~ of the MNP inside the vesicle can be roughly estimated as high as 70 nm. Indeed, we can suppose that MNPs are placed at the bottom of the niosome due to their density. As the image is recorded with lift height Δz = 50 nm and the vesicle height is 160 nm, such a diameter implies an actual distance between the tip and the top of the MNPs of 140 nm. From data in [Figure 5](#F5){ref-type="fig"}, the combination of *d*~NP~ = 70 nm and the tip-MNPs distance 140 nm corresponds to a MFM phase shift of about 0.7 deg. Considering the dimension of the MNPs, MFM demonstrates the presence of a single MNP inside the niosome in [Figure 7C](#F7){ref-type="fig"}. In conclusion, this case study demonstrates that MFM not only enables one to

![**Figure 6.** AFM topographical image of empty niosomes on the substrate (**A**) and topography (**B**) and MFM phase image (**C**) of the detail of the area in the rectangle.](biom-4-e29507-g6){#F6}

![**Figure 7.** Topography (**A**) and MFM phase image (**B**) of MNPs loaded niosomes. Detail of the topography of an isolated niosome (**C**), its 3D reconstruction (**D**), the corresponding MFM phase image (**E**) with a MFM phase profile (**F**).](biom-4-e29507-g7){#F7}

detect the presence of MNPs inside vesicles, but it also allows for the quantitative evaluation of the diameter of the MNPs into each niosome providing that the MFM phase response is calibrated on a suitable set of bare MNPs with different diameters and for different values of lift height. As for the model of tip-sample interaction, the reported example clearly demonstrates that the simple dipole-dipole interaction may be a not enough realistic model, leading to a misinterpretation of MFM data.

Superparamagnetic core shell nanoparticles for cell labeling
------------------------------------------------------------

In the last decade, among the challenging field of nanotechnology, a huge variety of techniques and devices for applications in biology and medical diagnostics has been developed. Among these, nanoparticles emerged as an extremely versatile tool, since their composition and/or functionalization can be adapted to tune their properties. Indeed, these nanomaterials can be considered as multitasking systems able to play different roles in the same contest. For example, magnetite (Fe~3~O~4~) nanoparticles are commonly used as contrast agent for magnetic resonance imaging (MRI) for their superparamagnetic properties. However, the same magnetic features allow their confinement and concentration into tissues and organs by means of static magnetic fields. Moreover, the possibility of functionalizing nanoparticles with drugs and biological macromolecules makes them a suitable carrier for pharmacological treatment of different pathologies such as inflammations, bacterial infections and tumors.

An interesting application of MFM has been performed using superparamagnetic core shell nanoparticles for cell labeling in vitro. For this purpose, we synthesized MNPs[@R77] constituted by a core of magnetite coated with a first shell of metallic Cu and a second shell of metallic Au (Fe~3~O~4~\@Cu\@Au), schematically represented in [Figure 8A](#F8){ref-type="fig"}, which were then further functionalized with folic acid. Folic acid receptors are widely expressed on the membrane surface of all eukaryotic cells. Folic acid enters the biochemical mechanism of the DNA bases synthesis, therefore playing a crucial function for cell life. In transformed cells, *i.e.* in tumor cells, the number of folate receptors significantly increases because their enhanced proliferative activity requires larger amounts of purine and pyrimidine bases for the synthesis of nucleic acids. The presence of such a huge number of receptors might increase the uptake of folic acid coated MNPs[@R78] that could be then detected using MFM. In this work AFM and MFM were used to highlight the interaction of folic acid-coated MNPs with leukemic cells by exploiting the presence of folate receptors on the cell membrane surface. Besides the Fe~3~O~4~\@Cu\@Au core shell MNPs, the system we designed is characterized by a coating of poly-[l]{.smallcaps}-lysine/poly-ethylene-glycol (PLL-PEG) layer anchored throughout a covalent bond with NHS-ester-(R,S)-α-lipoic acid (LA),[@R79] which act as a linker between the surface Au shell and the polymer. To prepare the MNPs we combined and modified synthetic procedures reported in literature.[@R80]^,^[@R81] The experimental evidences obtained show that the magnetite core guarantees the superparamagnetic behavior of the NPs[@R82]^,^[@R83] and acts as condensation nucleus for the co-precipitation of other metals to form a multi phasic nanomaterial. The intermediate shell of Cu ensures a stable coating of MNPs with Au, while Au external coating makes this kind of NPs suitable for biomedical applications. As it is known, gold is a soft acid which reacts with alkanethiols, providing a stable covalent covering of organic molecules on the NPs surface. This layer contributes to particles dispersion in aqueous solution minimizing aggregation. The use of α−ω bifunctionalized alkanethiols containing functional groups such as -NH~2~, -COOH, -CHO or -NCS gives the additional possibility to obtain a reactive platform for binding a large variety of molecules and macromolecules even of biological interest, e.g., folic acid.[@R84]^,^[@R85] In [Figure 8B](#F8){ref-type="fig"}, a schematic representation of the whole system is reported. As a cell line for our experiments in vitro we chose immortalized and selected T lymphoblastoid leukemia cells (CCRF-CEM), which overexpress the folic acid receptors.[@R86] After 18 h of incubation of CCRF-CEM with acid folic-coated MNPs in RMPI-1640 growth medium, cells were still vital, as demonstrated by vitality test with Trypan blue. For both AFM and MFM a suspension of CEM cells incubated with Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG-folic acid was deposited on *p*-doped Si (100), dried and fixed with glutaraldehyde. MFM allowed us to detect the presence of magnetic material bound to the folic acid receptors on the cell membrane. [Figure 9A](#F9){ref-type="fig"} shows a typical AFM topographical image of wild-type CCRF-CEM cell. The simultaneously recorded MFM phase image reported in [Figure 9B](#F9){ref-type="fig"} shows a positive MFM phase contrast of about 0.5 deg (see the profile reported in [Fig. 9C](#F9){ref-type="fig"}), in analogy with what observed in the case of empty niosomes. The AFM topographical image of CCRF-CEM cells incubated with Fe~3~O~4~\@Cu\@Au-LAPLL- PEG-folic acid NPs is shown in [Figure 9D](#F9){ref-type="fig"}. The corresponding MFM phase image ([Fig. 9E](#F9){ref-type="fig"}) clearly exhibits a remarkable negative phase shift of about 3 deg (see the profile reported in [Figure 9F](#F9){ref-type="fig"}), which indicates the attractive magnetic interaction between the AFM tip and the MNPs bound to the folic acid receptors and forming an almost continuous covering of the cells. Shen et al.[@R58] observed the change in MFM images of MNPs incubated human leukemia cells as a consequence of the reversal of the scanning direction along the 'slow scan' axis, *i.e.*, MNPs were detected near the top (bottom) edge of the cell when scanning the surface from top to bottom (from bottom to top), from which they deduced the successful internalization of MNPs into the cells. Conversely, the features of our MFM images remain unaltered if the scanning direction is reversed along the same axis and if the two axes are exchanged (*i.e.*, images acquired from top to bottom and viceversa or from left to right and viceversa). Actually, data we collected do not allow to unequivocally determine whether and in which percentage the NPs have been internalized via the substrate-receptor interaction mediated by folic acid. For the sake of completeness, we must report that in some of our images we observe an effect analogous to the one described by Shen et al.[@R58] Nevertheless, as all the other features of the MFM images remain unvaried, we attribute this effect occasionally observed in our images to artifacts induced by the abrupt change of height at the cells edge.

![**Figure 8.** (**A**) General scheme of core shell Fe~3~O~4~\@Cu\@Au nanoparticles. (**B**) Schematic representation of Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG-folic acid nanoparticles.](biom-4-e29507-g8){#F8}

![**Figure 9.** Topography (**A**), MFM phase image (**B**) and a MFM phase profile (**C**) of CCRF-CEM cells. Topography (**D**), MFM phase image (**E**) and a MFM phase profile (**F**) of CCRF-CEM cells incubated with Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG-folic acid NPs.](biom-4-e29507-g9){#F9}

It is worth noting that the MFM phase shift measured on isolated single MNP and aggregates is significantly lower than that measured on the MNPs labeled CCRF-CEM cells (roughly 0.1 deg for a MNPs aggregate with diameter of 100 nm). This can be rationalized considering that in the case of isolated (spaced enough) (aggregates of) MNPs on a substrate, the MFM phase shift is produced by the interaction with only one MNP magnetized by the tip. Conversely, in our case an almost continuous distribution of MNPs is present. Therefore, the tip senses the magnetic moment of a 'disk' with effective radius *r*~eff~ constituted by several MNPs. In particular, if the single MNP with diameter *d*~NP~ has a momentum *m*~NP~ and produces a phase shift Δ*ö*NP*∝43ðd*NP*3*, a disk of the MNPs with thickness *b* and radius *r*~eff~ will have an effective momentum *m*eff*∝ðr*eff*2b* and will produce a phase shift Δφ~eff~ roughly given by
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For example, assuming that the thickness of the layer coincides with the diameter of one aggregate of MNPs, *b* = *d*~NP~ and from Eq. (12) we obtain$\Delta\varphi_{eff} = \Delta\varphi_{NP} \times 3/4\left( {r_{eff}/d_{NP}} \right)^{2}$, which predicts a phase shift compatible with that in [Figure 9F](#F9){ref-type="fig"} for *b* = 100 nm and supposing the tip magnetizes a disk with radius *r*~eff~ = 600 nm. In the present case, the difficulty in the quantitative analysis of MFM images is due to the numerous and tight distribution of MNPs, which prevents the use of simple analytical models with isolated MNPs treated as punctiform objects. Comparing the MFM phase shift to that of not labeled cells, the experimental setup used in this work seems not adequate to visualize single MNPs internalized far from the cell surface. To this aim, the use of high momentum MFM probes should be taken into consideration.

Materials and Methods
=====================

AFM/MFM setup and equipment
---------------------------

AFM/MFM characterizations have been performed using a commercial AFM setup (Solver, NT-MDT, Russia) equipped with standard magnetically coated cantilevers.[@R31] In particular, the analysis of magnetoferritin and niosomes was performed using cantilevers (MESP-RC, Bruker Inc.) with nominal parameters: length *L* = 125 μm, width *w* = 30 μm, thickness *t* = 2 μm, spring constant *k*~c~ = 5 N/m, first free resonance in air *f*~0~ = 170 kHz. The analysis of MNPs labeled cells was performed using cantilevers (MESP, Bruker Inc.) with nominal parameters: length *L* = 225 μm, width *w* = 28 μm, thickness *t* = 3 μm, spring constant *k*~c~ = 3 N/m, first free resonance in air *f*~0~ = 80 kHz. The tips have a magnetic CoCr coating with thickness in the range 25--50 nm (actual composition not specified). Before experiments, MFM tips are magnetized by placing them on a permanent magnet. The correctness of the magnetization is then verified by imaging magnetic reference samples with periodic magnetic domains (i.e., standard floppy disks) as we describe in more details in a previous work \[31\]. Notably, the topographic images of such reference samples acquired in the first pass do not show any artifact induced by the magnetic signal. MFM relies on the accurate positioning of the tip at fixed distance from the surface during the second pass, which must be the very same at each point of the area. Therefore, if the magnetic signal affected the feedback one, the magnetically induced artifacts would be observed in the topographic reconstruction, analogously to those generated in AFM tapping mode topographic images acquired on mechanically not homogeneous samples[@R3] or in scanning tunneling microscopy (STM) topographic images acquired on electrically not homogeneous samples .[@R87] Such artifacts may result in errors in the control of the tip-sample distance in the second pass. The absence of magnetically induced topographic artifacts indicates that in the first pass the tip-sample interaction is far bigger than the magnetic one and thus that the latter does not affect the control of the tip sample distance in the second pass.

All the samples were imaged after their deposition on clean flat substrates with roughness negligible with respect to the typical dimensions of the samples. In detail: atomically flat Si single crystals were used as substrates for magnetoferritin; polycrystalline Al~2~O~3~ for niosomes; Si single crystals and standard coverslips for MNPs labeled cells. All the measurements were conducted in air and at room conditions without applying an external magnetic field. We would explicitly note that while some authors pointed out the importance of the presence of an external field [@R29]^,^[@R88] when performing MFM images of MNPs, other authors successfully performed MFM experiments without the external field, the magnetization of the MNPs being obtained as the result of the magnetic field produced by the MFM tip.[@R30]^,^[@R70]^,^[@R89]^,^[@R90] In this work, in order to verify if the localized magnetic field produced by our tips were capable of magnetizing the MNPs preliminary tests have been performed using a permanent magnet under the sample. Thus, different configurations were compared (i.e., with or without external field, as well as with the tip magnetization parallel or antiparallel to the external magnetic field). When the tip magnetization was antiparallel to the external field, we observed that at the same tip-sample distance the tip-sample interaction was attractive (negative contrast) on MNPs of about 50--100 nm in diameter, while it is repulsive (positive contrast) on bigger agglomerates of some hundreds of nanometers (unpublished data). We deduced that the localized field of the tip is capable of magnetizing small MNPs, overcoming the effect of the permanent magnet. Nevertheless, as the field rapidly decays as the tip-sample distance increases, only a small portion of big agglomerates is oriented by the field of the tip while they are almost completely magnetized by the external field, which is almost constant on such scales. Therefore, we performed our experiments without the permanent magnet as the tip was capable of magnetizing the MNPs involved in this work. As a final consideration on the experimental setup used in this work, we should discuss the effect of nonmagnetic tip-sample interactions on MFM.[@R69] To this aim, we performed preliminary tests using nonmagnetic Cu NPs. Nevertheless the results of these tests must be considered only just as an indication as different NPs may lead to different effects. We found that the MFM phase shift on nonmagnetic NPs is approximately 40% of that measured on MNPs with the same diameters in the range of those used in this work. This ratio did not seem to vary significantly at different lift heights. Also, we found a sort of 'saturation' of this effect in case of big agglomerates of nonmagnetic NPs (unpublished results). As with the experimental setup we used in this work we cannot compensate the nonmagnetic effects as ingeniously done by other authors [@R69]^--^[@R71], the MFM phase shift actually results from both magnetic and nonmagnetic interactions, the latter being the 40% of the total signal. Therefore, the true magnetic signal is about half of the measured one. As the results presented in this work must be considered only as semiquantitative, this limitation does not affect the findings here reported.

Magnetoferritin
---------------

Ferritin and apoferritin production was performed accordingly to previously reported procedures.[@R91] In particular, ferritin from *P. furiosus* was overproduced in *E. Coli* (gene code: PF0742),[@R62] and purified by a heat step. Apoferritin was prepared by reduction with sodium dithionite, chelation with 2,2'-bipyridine, and dialysis against MES/NaOH buffer 50 mM, pH 8.5. The prepared solution was de-aerated by bubbling nitrogen for 60 min at 60 °C. Furthermore, a FeSO~4~ solution (50 mM) in HCl/water pH2 was prepared anaerobically. Small aliquots were slowly added to the apoferritin in order to load up to 1000 Fe atoms in each magnetoferritin. The reaction was maintained under stirring at 60 °C for 30 min. The solution was purified via size exclusion chromatography by (PD-10 column, GE Healthcare) in order to exclude the ions not included inside the protein. The Fe concentration inside the magnetoferritin was determined by UV-Vis spectroscopy, whereas the protein concentration was calculated by means of the bicinchoninic method. UV-VIS spectroscopy in conjunction with protein concentration assays (BcA method), revealed a loading of 1000 Fe/cage. DLS measurements revealed an apoferritin diameter of 10.5 ± 2.4 nm, consistent with the literature data.[@R62] In order to perform AFM/MFM characterization, a drop of solution containing the obtained magnetoferritin was dropped on a clean atomically flat Si single crystal substrate.

Vesicles preparation
--------------------

Unilamellar vesicles were prepared according to the 'film' method previously described.[@R92]^,^[@R93] Tw20 concentration in the sample was always above its CMC (in water at 25 °C: Tween 20 = 0.006 g/dL). Tween 20 and Chol in equimolar ratio (15mM:15mM) were dissolved in a CHCl~3~/CH~3~OH (3:1) mixture in around bottomed flask. The solvent mixture was then evaporated and the resultant dried film was then hydrated adding the hydrophilic MNPs solution (3.58 mg/mL) in 10^−2^ M Hepes buffer solution at pH 7.4. The multilamellar dispersion was then sonicated for 5 min at 60 °C using a tapered microtip operating at 20 kHz at an amplitude of 16% (Vibracell-VCX 400-Sonics, USA) and an unilamellar dispersion was obtained. The purification of MNPs loaded unilamellar dispersion from the substances not included in vesicular structures was performed by gel filtration glass chromatography (glass column 50 x 1.2 cm) using Sephadex G75 as stationary phase and 10^−2^ M Hepes buffer solution at pH 7.4 as eluent. Drops of solutions

containing empty and MNPs loaded niosomes were deposited on clean flat polycrystalline Al~2~O~3~ substrates for AFM/MFM characterization.

Size and ζ-potential measurements
---------------------------------

Dynamic light scattering (DLS) was used to determine mean size and size distribution of empty and MNPs loaded non-ionic surfactant vesicles. The vesicle dispersions were diluted 100 times with the same buffer used for their preparation to avoid multiscattering phenomena. Vesicle mean size and size distribution (polydispersity index, PDI) were measured at 25 °C using a Malvern Nano ZS90 light scattering apparatus (Malvern Instruments Ltd.,Worcestershire, UK) at a scattering angle of 90.0°.

The same apparatus was used for the evaluation of ζ-potential of empty and MNPs loaded vesicles, which were appropriately diluted (1:10) in distilled water at 25 °C. The ζ-potential value was calculated from the electrophoretic mobility in the Smoluchowsky approximation. Reported data represent mean of the ζ-potential and of the hydrodynamic diameter (*D*~h~) for the surfactant vesicles. Reported average values and standard deviations of the results of DLS experiments were calculated using samples from three different batches.

Bilayer characterization
------------------------

Fluorescence experiments on vesicles incorporating pyrene were performed (Perkin-Elmer LS55 spectrofluorometer with excitation wavelength 319 nm) to evaluate the micropolarity and viscosity of the vesicle bilayer. Pyrene allows the investigation of the lateral distribution and the dynamics of membrane compounds. Pyrene in the bilayer is present as excimers at high concentrations; after dilution inside the bilayer, the excimer fluorescence decreases and increases the monomer fluorescence signal. The pyrene monomer fluorescent spectrum consists of five peaks. The monomer and the excimer have different fluorescent signals and the ratio of the fluorescence intensities is directly related to the probe distribution in the lipid network. The ratio *I*~1~/*I*~3~ between the intensities of the first (*I*~1~) and third (*I*~3~) vibration bands of the pyrene fluorescence spectrum (corresponding to 372 nm and 382 nm, respectively) is related to the polarity of the pyrene environment.[@R94] Low values of the *I~1~/I~3~* ratio correspond to a non-polar environment. This ratio increases as the polarity of the medium rises.[@R94] Since pyrene is solubilized inside the hydrocarbon chain of vesicles, the information obtained from fluorescence of pyrene in our systems refers to the bilayer of the vesicle pigeon-hole.[@R95] The process depends on the rate of conformational change of the molecule which is sensitive to the viscosity of the probe microenvironment.[@R96] Hence the *I*~E~/*I*~M~ ratio, where *I*~M~ and *I*~E~ stand for the intensity of the monomer and the excimer fluorescence, respectively, is used to estimate the microviscosity. Because of its high hydrophobicity, the solubilization zone of pyrene is in the vesicle bilayer, as was established in the case of polymeric micellar solutions.[@R97] The pyrene probe may also evidence (only qualitatively) the micropolarity variation in the solubilization region, by the change in the ratio of monomer vibronic bands intensities measured at 377 nm and 397 nm.[@R98]

Fe entrapment efficiency
------------------------

Fe content in vesicles was quantified in terms of concentration using inductively coupled plasma mass spectrometry (ICP-MS) equipped with a dynamic reaction cell (DRC) (Elan DCR II, Perkin Elmer SCIEX, Norwalk, CT, USA). Before the instrumental analysis all samples were digested with an acidic mixture (H~2~O + HNO~3~ + HCl + H~2~O~2~) in two subsequent steps: the first consisting in a soft pre-digestion treatment and the second in the application of a stronger temperature program. Both steps were performed using a microwave oven with a probe to control the temperature. The digested solutions were properly diluted and analyzed in DRC mode to overcome possible problems due to the occurrence of specific interferences. In particular, ammonia was used as reaction gas by applying a flow of 0.6 mL/min and an RPq equal to 0.6. The quantification was performed on ^56^Fe with an external calibration.

Synthesis of Fe~3~O~4~\@Cu\@Au nanoparticles: Fe~3~O~4~ core
------------------------------------------------------------

685 mg (1.75 mmol) of Mohr salt ((NH~4~)~2~Fe(SO~4~)~2~ • 6H~2~O), 817 mg (2.04 mmol) of Fe~2~(SO~4~)~3~ and 474 mg of polyvinylpyrrolidone (PVP) were dissolved in 100 mL of distilled water. The Fe^2+^/Fe^3+^ solution thus prepared was added into 300 mL of a 0.7 M ammonia solution under mechanical stirring and argon atmosphere. The solution was left to react for 30 min at room temperature, then it was heated to 80 °C for 30 min. After cooling down the reaction mixture, the product was separated by magnetic decantation, washed with NaCl 2M and double distilled water, and finally dried under vacuum.

Synthesis of Fe3O4\@Cu\@Au nanoparticles: Cu shell
--------------------------------------------------

176 mg (0.1 mmol) of ascorbic acid and 120 mg (0.5 mmol) of (Cu(NO~3~)~2~ • 3H~2~O) were dissolved in 10 mL of distilled water. The solution thus prepared was added to a dispersion of 173 mg of magnetite NPs in 100 mL of distilled H~2~O, thermostated at 47 °C and mechanically stirred, obtaining a Fe~3~O~4~/Cu(II) ratio 1.5:1. After 60 min reaction, the mixture was cooled down and washed several times with double distilled water. The precipitate was then separated by magnetic decantation.

Synthesis of Fe~3~O~4~\@Cu\@Au nanoparticles: shell
---------------------------------------------------

150 mg of Fe~3~O~4~\@Cu NPs were dispersed in 25 mL of distilled water and sonicated for 15 min. 118 mg (0.3 mmol) of HAuCl~4~ were dissolved in 5 mL distilled water. Both the suspension and the solution were added to a 25 mL of a saturated solution of NaHCO~3~ thermostated at 60 °C. After 45 min reaction, the mixture was cooled down and washed several times with double distilled water. The precipitate was then separated by magnetic decantation and dried under vacuum.

Functionalization with lipoic acid (Fe~3~O~4~\@Cu\@Au-LA)
---------------------------------------------------------

43 mg Fe~3~O~4~\@Cu\@Au nanoparticles were dispersed in 25 mL of chloroform and sonicated for 10 min. Twenty-two mg (0.07 mmol) of NHS-ester of (R,S)-α-lipoic acid were dissolved in 20 mL of chloroform and added dropwise to the NPs suspension. The mixture was made react 24 h at room temperature under mechanical stirring. After several washing with double distilled water, the precipitate was separated by magnetic decantation.

Coating with poly-[l]{.smallcaps}-lysine/polyethyleneglycole (PLL-PEG) block co-polymer (Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG)
----------------------------------------------------------------------------------------------------------------------

Three ml of phosphate buffer (PBS) solution at pH 8.2 containing 3.5 mg (3.48 x 10^−4^ mmol) of \[PLL\]~30~-\[PEG\]~114~ (average MW = 9900) were added dropwise to a suspension of 20 mg of Fe~3~O~4~\@Cu\@Au-LA nanoparticles in 27 mL of PBS cooled with an ice bath and mechanically stirred. After 2 h 30 min, the mixture was washed several times with double distilled water at room temperature and the product was separated by magnetic decantation.

Coating with folic acid (Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG-folic acid)
-----------------------------------------------------------------

For the coating with folic acid a double-step synthesis was performed in dark. First, 244 mg (1.3 mmol) of 1-ethyl-3-(3-dimethylaminopropyl)-carbodiimide (EDC) dissolved in 17 mL of distilled water were added to a 17 mL solution of DMSO containing 76 mg (0.17 mmol) of folic acid. Thirty mg (0.26 mmol) of N-hydroxy-succinimmide (NHS) were added to the mixture, which was left react for 15 min at room temperature in dark, under magnetic stirring. In the second step, the pH was adjusted to 8.5 and 20 mg of Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG-folic acid nanoparticles were added. The mixture was left overnight at room temperature in dark under mechanical stirring. After several washing with double distilled water, the precipitate was separated by magnetic decantation.

Cell cultures and incubation with MNPs
--------------------------------------

Growth and incubation of cells with MNPs were performed in a sterile environment, in laminar flow hood, using sterile glassware. Immortalized and selected T lymphoblastoid leukemia cells (CCRF-CEM) were cultured in a RPMI-1640 medium with fetal bovine serum (FBS) (10%), L-glutamine, antibiotic antimycotic (1%) and sodium phenol red as pH indicator. Cells were incubated at 37 °C, 95% humidity and 5% carbon dioxide (CO~2~). For interaction with MNPs, 2 mL of cell suspension at density of 6.5 x 10^5^ cells/mL were mixed with with 0.5 mL of 1 mg/mL Fe~3~O~4~\@Cu\@Au-LA-PLL-PEG-folic acid. Vitality test with Trypan blue performed after 18 h incubation put in evidence that only 3% of cells died, while the 97% were alive and showed the canonical morphology expected for this cellular line.

Conclusion
==========

MFM can be used to qualitatively and quantitatively investigate the nanoscale magnetic properties of biological samples, e.g., from the detection of the iron core of ferritin molecules to the analysis of the cellular uptake of MNPs. Among other applications, in this work we showed the use of MFM for the visualization of the maghemite core of magnetoferritin, for the quantification of the diameter of MNPs agglomerates in niosomes for drug delivery, and for the characterization of MNPs labeled cells. These three case studies cover a wide range of characteristic lengths, *i.e.*, a few nanometers (magnetoferritin), a few hundreds of nanometers (niosomes), and some microns (cells). Also, they represent three different spatial locations of MNPs in systems of biological interest, *i.e.*, systems spatially coincident with MNPs (magnetoferritin), MNPs

inside the sample and thus below the surface (MNPs loaded niosomes), or MNPs both on and inside the sample (MNPs labeled cells). In order to obtain quantitative information from MFM images it is crucial to develop suitable models. In the reported examples, we showed how the two dipoles model can be adequate (magnetoferritin) or not adequate due to both a non ideal shape of the tip (MNPs loaded niosomes) and not punctiform MNPs layers which the MFM tip interacts with. In addition, at present the quantification from MFM

images of internalized MNPs still remains a challenge, models being required to describe the MFM response in presence of MNPs agglomerates the size and depth of which are generally unknown. Notwithstanding such limitations to be overcome, MFM represents a promising tool for the quantitative characterization of magnetic properties of an increasing variety of samples of biological and biomedical interest.
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